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Biochemical measures have provided insight into the biomass and community
structure of sedimentary microbiota without the requirement of selection by
growth or quantitative removal from the sediment grains. This study used the
assay of the hydroxy fatty acids released from the lipid A of the lipopolysaccha-
ride in sediments to provide an estimate of the gram-negative bacteria. The
method was sensitive to picomolar amounts of hydroxy fatty acids. The recovery
of lipopolysaccharide hydroxy fatty acids from organisms added to sediments was
quantitative. The lipids were extracted from the sediments with a single-phase
chloroform-methanol extraction. The lipid-extracted residue was hydrolyzed in 1
N HCI, and the hydroxy fatty acids of the lipopolysaccharide were recovered in
chloroform for analysis by gas-liquid chromatography. This method proved to be
about fivefold more sensitive than the classical phenol-water or trichloroacetic
acid methods when applied to marine sediments. By examination of the patterns
of hydroxy fatty acids, it was also possible to help define the community structure
of the sedimentary gram-negative bacteria.

Biochemical methods have proved to be very
useful in assessing the microbial biomass of
sediments (10, 18, 29, 32). These methods are
not dependent upon growth of the organisms for
assay or on the quantitative removal of orga-
nisms from the sediments (10, 19). Estimations
of the total cellular biomass are readily made
from the extractable phospholipid (32). The pro-
caryotic biomass can be unequivocally estimat-
ed from the muramic acid (10; R. H. Findlay,
D. J. W. Moriarty, and D. C. White, Geomicro-
biology J., in press). To translate the muramic
acid content into cellular carbon, the proportion
of cyanophytes, gram-negative, and gram-posi-
tive bacteria must be known (10, 18). The pro-
portions of gram-negative and gram-positive
bacteria in sediments have been determined by
examining the cell wall structure with the elec-
tron microscope (20). An estimate of the gram-
negative bacteria in sediments from an analysis
of the lipopolysaccharide (LPS) has been pro-
vided by Saddler and Wardlaw (23). They ex-
tracted sediments with phenol-water or tri-
chloroacetic acid and assayed the LPS by its
content of ketodeoxyoctonate and ,B-hydroxy-
myristic acid, as well as its anticomplementary
activity when tested with human serum. The
present paper describes a method for the optimi-
zation of the assay of LPS from sediments, using

a simpler extraction that is more sensitive and at
the same time yields specific information on the
gram-negative bacterial community structure.
The method in the present study utilizes an

initial lipid extraction. Previous work has shown
that analysis of the lipids can be used in studies
of the community structure (2, 30). In this study,
the lipid-extracted residue was subjected to mild
acid hydrolysis, and the lipid A fatty acids were
recovered. Purification and derivatization of the
hydroxy fatty acids followed by analysis by gas-
liquid chromatography (GLC) yields a profile
which can be compared to the catalogues of
components from bacterial monocultures (21,
35) and can perhaps be utilized to gain indica-
tions of the community structure as described by
Mayberry et al. (17) for clinical specimens.

MATERIALS AND METHODS
Materials. Glass-distilled solvents (Burdick and

Jackson, Muskegon, Mich.), freshly distilled chloro-
form, and derivatizing agents from Pierce Chemical
Co., Inc., Rockford, Ill., Aldrich Chemical Co., Inc.,
Milwaukee, Wis., and PCR Research Chemicals, Inc.,
Gainesville, Fla., were utilized. Standard fatty acids,
lyophilized cultures of Escherichia coli strain b, Pseu-
domonas fluorescens, Bacillus subtilis ATCC 6633,
and Clostridium welchii ATCC 13124 were obtained
from Sigma Chemical Co., Inc., St. Louis, Mo. P.
atlantica was the gift of W. A. Corpe, Columbia
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University, New York, N.Y., and was grown as
described (11). P. maltophilia was the gift of T. G.
Tornabene, Georgia Institute of Technology, Atlanta,
Ga., and was cultured as described (25).
The groundwater sediment samples were recovered

from the 12 to 13 ft (ca. 3.66 to 3.96 m) horizons below
the surface at Ft. Polk, La., with special apparatus and
precautions to prevent surface contamination designed
by J. McNabb and M. R. Scalf of the R. S. Kerr
Environmental Research Laboratory at Ada, Okla.,
and S. Hutchings of Rice University, Houston, Tex.
Samples were frozen at -90°C at the well site and
maintained frozen until analysis. Samples of estuarine
sediments were recovered at the Florida State Univer-
sity Marine Laboratory (29°C 54' N, 84° 37.8' W),
extracted in the field, and returned to the laboratory
for analysis.

Authentic hydroxy fatty acids were the gift of W. R.
Mayberry, Quillen-Dishner College of Medicine, East
Tennessee State University, Johnson City, Tenn.
A flow diagram of the method for assay of hydroxy

fatty acids of the LPS from sediments is given in Fig.
1.

Lipid extraction. Sediments up to 50 g wet weight
sieved through a 500-ixm screen in the field or 50 mg of
lyophilized cultures were placed in a 250-ml separa-
tory funnel and extracted with the modified one-phase
chloroform-methanol Bligh and Dyer (1) extraction
(32). The sediments were suspended in sufficient 50
mM phosphate buffer (pH 7.4) so that the total aque-
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FIG. 1. Flow diagram of the hydroxy fatty acid

analysis from lipid A of gram-negative bacteria.

ous content of buffer plus pore water was less than 30
ml, and 75 ml of anhydrous methanol and 37.5 ml of
chloroform were added. The mixture was shaken and
allowed to stand for at least 2 h. After 2 h, an
additional 37.5 ml each of chloroform and water were
added, the mixture was shaken, and the phases were
allowed to separate for at least 24 h at room tempera-
ture. The chloroform phase was drawn off through a
fluted Whatman 2V filter paper and analyzed for lipids
(32). After removal of the chloroform phase, the
residue was transferred quantitatively to a 250-ml
round-bottomed flask by using a portion of the aque-
ous phase. The residue was dried in vacuo on a rotary
evaporator and suspended in 30 ml of 1 N HCI. After
refluxing at 100°C for 5 h and cooling, the supernatant
was transferred to a 125-ml separatory funnel with
washes of 30, 10, and 10 ml of chloroform. The two
phases were allowed to separate, and the chloroform
was collected into a round-bottomed flask. The sol-
vent was removed in vacuo and the lipid transferred to
a screw-capped tube with three 2-mi portions of chlo-
roform. The solvent was removed in a stream of
nitrogen at 40°C. The samples were esterified by
adding 1 ml of methanol-chloroform-concentrated
HCI, 10:1:1 (vol/vol), and heating at 100°C for 1 h.
After addition of 1 ml of chloroform and 1 ml of water
with thorough mixing, the chloroform layer was recov-
ered, evaporated in a stream of nitrogen, and spotted
on a thin-layer chromatography (TLC) plate (What-
man K6 silica gel, 250 ,um thick). After ascending
chromatography in a solvent of hexane-diethyl ether,
1:1 (vol/vol) (16), the hydroxy fatty acids band (Rf,
0.4) was recovered in a Pasteur pipette with suction,
and the esters were eluted from the silica gel with
chloroform-methanol 1:1 (vol/vol), into screw-capped
glass test tubes. The band containing hydroxy fatty
acid esters was detected by using standards spotted on
the outer edges of the plates as described previously
(2). At this point, 413 pmol of the internal standard,
hexadecanol dissolved in chloroform, were added, and
all solvents were removed in a stream of nitrogen.

Phenol-water extraction. The phenol-water extrac-
tion (PW) described by Westphal et al. (28) as modified
by Saddler and Wardlaw (23) was utilized. Lyophilized
E. coli (0.15 mg dry weight) were suspended in 100 ml
of water at 68°C, mixed with an equal volume of 90%
(wt/vol) phenol-water, and shaken for 15 min, cooled
in an ice bath, centrifuged at 3,000 x g for 10 min, and
the aqueous layer recovered. The phenol layer was
reextracted with water twice. The aqueous layers were
collected, dialyzed against running water, centrifuged
at 105,000 x g for 1 h, and the pellet lyophilized. The
extract was hydrolyzed in HCI and the fatty acids were
purified by TLC and analyzed as described above.

Trichloroacetic acid extraction. Samples of lyophi-
lized E. coli were suspended in 1.0 N trichloroacetic
acid in glass centrifuge tubes and extracted as de-
scribed (23). The LPS was recovered, lyophilized,
hydrolyzed, and extracted with chloroform. The fatty
acids were recovered, and purified by TLC as de-
scribed above.

Acylations. The fatty acid methyl esters were dis-
solved in 0.5 ml of benzene containing 0.1 ml of
heptafluorobutyric anhydride and 50 mM trimethyl-
amine and heated for 15 min at 60°C. After cooling, 1
ml of benzene and 1 ml of water were added, and the
solution was mixed on a Vortex mixer for 1 min. After
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addition of 1 ml of aqueous ammonia (1% [vol/vol]),
the mixing was continued for 5 min. The suspension
was centrifuged, the benzene layer recovered, and the
sides of the tube and surface of the water were washed
three times with benzene without mixing. The benzene
washes were collected, the benzene removed in a
stream of nitrogen, and the acylated esters dissolved in
hexane for GLC.

Hydrogenations. Fatty acid methyl esters were dis-
solved in hexane and hydrogenated for 1 h at 25°C at 1
atm (100 kPa) of H2 with a catalyst of platinum(IV)
oxide (Aldrich). When samples were hydrogenated, an
intemal standard of 80 nmol/ml of nonadecanoic meth-
yl ester was added. The olefin esters were completely
hydrogenated by this process (31).
GLC. GLC was performed on a Varian 3700 instru-

ment with either flame ionization detectors or a 63Ni
electron capture detector, a model 8000 autosampler, a
CDS 111 controller, and a Hewlett-Packard 3502 pro-
grammable laboratory data system. The chromato-
graph contained a 50-m glass capillary column (0.24
mm inside diameter) coated with the polar cyanoalkyl
phenyl polysiloxane Silar 10C (Applied Science Labo-
ratories, College Station, Pa.); it operated with split-
less injection with a 0.5-min venting time, after a 2-,ul
injection of hexane at 42°C followed by a linear
increase of 1°C/min to 190°C. The helium carrier gas
flow rate was 1 ml/min, with ultrapure nitrogen at 30
ml/min as the makeup gas. The injector temperature
was 220°C and the detector 250°C.

Silane derivative formation. For gas chromatogra-
phy-mass spectrometry (GC-MS), the fatty acid meth-
yl esters were trimethylsilylated by adding 0.5 ml of
freshly prepared pyridine-N,O-bis-(trimethylsilyl)tri-
fluoroacetamide-hexamethyldisilazane-trimethylchlo-
rosilane (TMSi), 0.2:1:2:1 (vol/vol) (prepared by add-
ing each reagent in the order given with mixing),
heating for 15 min at 50°C, removing the solvents in a
stream of nitrogen, and dissolving in hexane for GC-
MS analysis.
MS. The Hewlett-Packard 5995A GC-MS was oper-

ated by using the chromatographic parameters de-
scribed above after autotuning with decafluorotriphen-
ylphosphine at an ionization potential of 70 meV. The
scan speed was 690 amu/s over the range 40 to 400 amu
with a 0.5-s delay. The electron multiplier potential
was 1,400 V, and the recovery system was operated in
the peakfinder mode.

Fatty acid designation. Fatty acids are designated
as the number of carbon atoms:the number of double
bonds (e.g., 14:0, 16:0), with prefixes a and i for
anteisobranching and isobranching. The prefix OH
indicates a hydroxyl group at the position indicated
from the carboxyl end.

RESULTS
Efficiency of extraction. The recovery of 3-OH

14:0 from the lipid extracted residue of E. coli
was examined by three extraction methods. Re-
coveries for each method were (,umol/g of dry
weight + standard deviation): phenol-water, 1.7
+ 0.60; trichloroacetic acid, 3.14 ± 0.27; lipid
extraction after acid hydrolysis, 14.4 + 2.0. The
classical methods of LPS extraction, phenol-
water or trichloroacetic acid, yielded fourfold

less 3-OH 14:0 than did the proposed method
involving lipid extraction followed by mild acid
hydrolysis of the lipid-extracted residue. In
these experiments, the phenol-water and the
trichloroacetic acid extractions yielded 98 and
245% of the values reported for E. coli-mud
mixtures by Saddler and Wardlaw (23). Of the 3-
OH 14:0 from the whole bacteria, 100 + 2.2% (n
= 5) was found in the lipid-extracted residue.
Recovery of hydroxy fatty acids in the extrac-

tion procedure. The recovery of 0.42 ,umol of 3-
OH 14:0 and 12-OH 18:0 added to acid washed
sand and extracted and purified by TLC was 95
± 12% and 100 ± 9%, respectively. The hydrol-
ysis of this mixture in 1 N HCI for 2 h at room
temperature resulted in recoveries of 98 ± 3% of
the 3-OH 14:0 and 95 ± 6% of the 12-OH 18:0.
Heating the hydrolysis mixture at 100°C for 5 h
did not change the recovery. The addition of
lyophilized E. coli to sediments resulted in quan-
titative recovery (99 ± 2%) of the 3-OH 14:0
added to the sediments. The sediments con-
tained about 2 nmol of 3-OH 14:0/g of dry weight
(Table 1).

Sensitivity. When the heptafluorobutyric an-
hydride derivative of the hydroxy fatty acids
was analyzed with splitless injection on glass
capillary columns with the flame ionization de-
tector, the sensitivity limit (measured in integra-
tor counts 2.5 times the background) for 3-OH
14:0 was 4.1 x 10-12 mol. By using electron
capture detection, the sensitivity was 2.26 x
10-13 mol of 3-OH 14:0.

Hydrolysis. Release of the fatty acids cova-
lently bonded to the LPS in the lipid-extracted
residue was routinely done in acid since both
ester and amide-linked fatty acids might be
present. Strong acid (6 N HCI) treatment result-
ed in poor recoveries of authentic 3-OH fatty
acids so 1 N HCl was used. The acid catalyzed
formation of esters with nonhydroxy fatty acids
in the lipid phase reported by Wilkinson (34) did
not occur with 1 N HCl and the recovery of
added authentic 12-OH 18:0 and 3-OH 14:0 was
quantitative.
Chromatographic analysis. The hydroxy fatty

acids recovered after mild acid hydrolysis of the
lipid-extracted residue of estuarine sediment are
illustrated in Fig. 2. The internal standard of 413
pmol of hexadecanol was added just before
derivatization with heptafluorobutyric anhy-
dride. When hydrogenation of the methyl esters
was done, an additional internal standard of 19:0
methyl ester was added. The elution times of
known standards are indicated on the ordinate.

Identification of the hydroxy fatty acids. The
presence of a carboxyl group in the lipids was
verified by demonstrating preferential partition-
ing into aqueous base from petroleum ether and
back into petroleum ether after acidification of
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TABLE 1. Hydroxy fatty acids extracted after mild acid hydrolysis of the lipid-extracted residue of
microorganisms and sediments

Amount of fatty acids'

Component Organism Sediment
(,umol/g of dry weight) (nmol/g of dry weight)

E. coli P. fluorescens P. atlantica P. maltophilia Estuarine Ground water

2-OH 12:0 NDb 1.08 (0.1) ND ND ND ND
3-OH 12:0 ND 1.23 (0.3) 0.34(0.01) 0.70 (0.20) 0.24 (0.08) ND
3-OH 13:0 ND ND ND 1.08 (0.2) ND ND
2-OH 14:1 ND ND ND 0.15 (0.04) ND ND
3-OH 14:0 15.5 (1.0) 0.13 (0.01) 4.28 (0.1) 0.2 (0.02) 2.26 (0.35) 0.34 (0.38)
2-OH 15:1 0.33 (0.09) 0.11 (0.01) ND 0.12 (0.02) 0.82 (0.03) ND
3-OH 16:0 ND ND ND ND 0.66 (0.1) 0.07 (0.07)
A 0.09 (0.01) 0.07 (0.02) ND 0.05 (0.02) 0.50 (0.12) ND
3-OH 18:0 ND ND ND ND 0.52 (0.27) ND
B 0.03 (0.02) 0.05 (0.03) ND 0.02 (0.01) ND ND
12-OH 18:0 0.15 (0.08) ND ND 0.02 (0.01) 0.24 (0.08) 0.004 (0.005)
Phospholipid 47.4 (5.0) 84.4 (5.3) 48.3 (6.0) 60.4 (8.9) 28 (9.0) 0.98 (0.018)

" Values in parentheses are standard deviations; n = 4.
b ND, Not detectable (<0.15 nmol/g of dry weight).

the aqueous phase. This procedure was used in
the purification of samples from the environ-
ment. There was quantitative recovery of 3-OH
14:0 in this procedure.
Although the heptafluorobutyric anhydride

derivatives gave greater sensitivity and were
much less damaging to the polar stationary
phases of the capillary columns, the TMSi ether
derivatives gave a more definitive fragmentation
pattern with GC-MS. All of the hydroxy fatty
acids show very little M+ but a prominent M-15
(loss of CH3 from TMSi) with base fragments at
mle 73 [Si+(CH3)3] or 75 [SiO+H(CH3)2] and
prominent mle 89 [SiO+(CH3)3] (7).
The TMSi ethers of the 2-OH esters show the

definitive M-59 [RCH=O+Si(CH3)3] (7) as well
as major fragments at mle 103 [CH2=0+
Si(CH3)3] and mle 129 [CH2=CHCHO+
Si(CH3)34
The TMSi ethers of the 3-OH fatty acid esters

show the definitive fragment at mle 175
[CH3CO2CH2CH=O+Si(CH3)2J plus mle 133
(rearrangement with loss of C2H20 from 175),
mle 159 [CH3CO2CH=CHO+Si(CH3)2], and mle
131 (loss of CO from mle 159) (7).
The w-OH fatty acids show intense peaks at

M-15, M-47 (CH3)2SiO+RCHCH=C=O, and M-
31 (CH3)3SiO(CH2)nC +=O. None were detected
in these samples.
The TMSi ethers of hydroxy fatty acid methyl

esters with the OH group near the middle of the
chain show prominent mle 175 plus (CH2),_1
where n is the number of carbons between the
carboxyl and hydroxyl carbons.
Anteisobranched fatty acids often show M-57

> M-43 [M-(C4H9) > M-(C3H7)]. This is re-
versed in isobranched esters. However, the po-
sition of the branching is more consistently

determined by the chromatographic elution vol-
ume. For each homologue, the elution order is
isobranched, anteisobranched, and normal on
the polar columns utilized in this study.
Two components present in significant

amounts could not be identified. Component A
eluted between 16:0 and 18:0 and component B
eluted between the 2-OH 18:0 and 3-OH 18:0.

Unsaturation was demonstrated by fragmen-
tography and the shift on catalytic hydrogena-
tion. The positions of unsaturation were not
determined.
The criteria for identification are listed in

Table 2.
Distribution of bound hydroxy fatty acids. The

data of Table 1 show the distribution of the
bound hydroxy fatty acids and lists the extract-
able phospholipid content of each system. The
pseudomonads examined appear to be distinctly
different from the E. coli, which is in agreement
with previous studies (21, 28). The sediments
from both the surface and subterranean loca-
tions appear to have a bound hydroxy fatty acid
composition different from any monoculture
thus far examined. Monocultures of B. subtilis
and C. welchii yielded no detectable (<0.01
nmol/g of dry weight) acid labile hydroxy fatty
acids from the lipid extracted residue.

DISCUSSION
Specificity of the assay. The analysis of the

LPS-derived hydroxy fatty acids was a conve-
nient and sensitive method for estimating the
biomass of the gram-negative bacteria that con-
tain lipid A in environmental samples. This
analysis was extremely valuable in the analysis
of the sparse microbiota of ground water sedi-
ments. Since there is a relatively rapid turnover
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FIG. 2. Capillary gas-liquid chromatogram of the heptafluorobutyrate esters of a pooled sample of the

hydroxy fatty acid methyl esters rendered extractable after mild acid hydrolysis of the lipid-extracted residue of
the microbiota of estuarine sediments. The positions of authentic hydroxy fatty acids are indicated below the
abscissa. Elution volumes of authentic standards are indicated as 1, 2-OH 12:0; 2, 3-OH 12:0; 3, 3-OH 14:0; 4, 2-
OH 13:0; 5, 3-OH 14:1; 6, 3-OH i 14:0; 7, 3-OH a 14:0; 8, 3-OH 14:0; 9, 2-OH 15:0; 10, 3-OH i 15:0; 11, 3-OH a
15:0; 12, 3-OH 15:0; 13, 2-OH 16:0; 14, 3-OH i 16:0; 15, 3-OH 16:0; 16, 3-OH i 17:0; 17, 3-OH 18:0; 18, 12-OH
18:0. Internal standards of hexadecanol (OH-16:00) and nonadecanoic methyl ester (19:0) are indicated. The shift
in position of the 2-OH 15:1 after catalytic hydrogenation in hexane is indicated by the arrow and the H,*.

of LPS in nature (23), the measurement is proba-
bly indicative of only the viable gram-negative
population.
With few exceptions (35), all bacterial LPS

conta ns lipid A, but there is wide variation in
the d( tailed composition among different orga-
nisms 21, 35). The fatty acid composition in the
lipid A ;an reflect the composition of the growth
mediut 'in some organisms (35). The fatty acids
of the L ZS represent the major component of the
lipid A (23). However, the lipid A hydroxy fatty
acids appear to be the least variable of the LPS
components with changes in growth conditions
(23).

Ketodeoxyoctonate is unique to LPS and is
widely distributed among gram-negative orga-
nisms. However, the amount of ketodeoxyoc-
tonate in various LPS preparations can be quite
variable and dependent upon growth conditions
(8). The assay of ketodeoxyoctonate by the
thiobarbituric acid colorimetric test is subject to
interference by materials in the LPS as well as
other cellular components (23).
Although the Limulus amebocyte lysate coag-

ulation assay has been utilized widely in water
column samples (24) and can be extremely sensi-
tive (13), it presents some problems. There is a
variability in results between operators with the

OH-16:0
INTERNAL
STANDARD

19:0
INTERNAL
STANDARD
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same samples (27), a lack of specificity to some
bacterial products (7, 33), and since a change in
turbidity is the measure of activity, the microbes
attached to sediments must be quantitatively
recovered from the sediments for assay. Free
endotoxin, released by cells without lysis, can
complicate the Limuluis amebocyte lysate assay
when used to diagnose clinically important in-
fections (22). This should not be a problem with
the hydroxy fatty acid assay proposed here,
since the free LPS in nature has a rapid turnover
and only bound LPS is measured (21). In addi-
tion, the Limulius amebocyte lysate assay does
not provide data on the composition of the LPS
hydroxy fatty acids.

In the present method, it is possible that low-
molecular-weight fragments of LPS can be ex-
tracted with the preliminary lipid extraction.
This is most likely a problem in the extraction of
wet samples (W. R. Mayberry, personal com-
munication). Losses of LPS in the preliminary
lipid extraction would yield an underestimation
of the gram-negative bacterial biomass. Howev-
er, our method produced yields of bound hy-
droxy fatty acids that were 4 to 10 times larger
than other extraction methods.
Hydroxy fatty acids are widely distributed in

nature (3, 6, 12, 26). In sediments, the bound,
acid-labile hydroxy fatty acids form the largest
pools (5) and their occurrence correlates with
environments enriched in bacteria (4). Plants
contain an incredible assortment of lipids that
could complicate this assay. Extractable lipids
with 2-hydroxy fatty acids of chain lengths be-
tween 12 and 26 carbon atoms, 3-hydroxy fatty
acids of 16, 18 and 20 carbon atoms, w-hydroxy
fatty acids (both saturated and unsaturated) of
12 to 30 carbon atoms, midchain hydroxy fatty
acids in which HO-C(CH,)YCOOH structures
have y values from 5 to 8, diols, and polyols as
well as mixes of hydroxy-oxy or hydroxy-epoxy
fatty acids have been reported (12, 14, 15). In
plants these fatty acids are minor components of
the seed oils or fragments of the cutin or suberin
hydrolyses and are most often extractable with
the lipids. Nonextractable hydroxy fatty acids
typical of those from plants have not complicat-
ed the assay of marine and estuarine sediments.
Community structure. The composition of the

hydroxy fatty acids can be utilized to give addi-
tional insight into the community structure as in
Table 1. From the LPS hydroxy fatty acid
analysis, the gram-negative organisms in the
estuarine and groundwater aquifer sediments
indicate a complex mixture of a wide variety of
organisms. Since this method utilizes purifica-
tion and assay by GLC, it should be possible to
utilize enrichment of '3C with analysis by GC-
MS to follow rates of synthesis and turnover in
the specific components of the community.

Muramic acid can be determined by the appli-
cation of an additional acid hydrolysis of the
residue extracted for the LPS-lipid A hydroxy
fatty acids (see Fig. 1) (Findlay et al., in press).
This can provide another estimate of the com-
munity structure. The estuarine and groundwa-
ter aquifer sediments used for the data of Table 1
contained 860 ± 60 and 2.1 ± 1.2 nmol of
muramic acid/g of dry weight, respectively. The
ratios of muramic acid to the 3-OH 14:0 from the
lipid A of the estuarine and aquifer sediments
were 380 and 14, respectively, indicating the
groundwater aquifer contained a larger propor-
tion of procaryotes with the 3-OH 14:0 type of
LPS than the estuarine sediments.
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